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Supramolecular Interactions Modulate RNA:DNA Folding Observed
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Abstract: DNA and RNA nanotechnology enables the
precise assembly of molecular architectures, with appli-
cations in bioengineering, supramolecular chemistry, and
sensing. The material properties of these biopolymers
can be adjusted covalently or, more simply, through
non-covalent interactions with small molecules. Herein,
we demonstrate the use of urea, an abundant and
inexpensive small molecule, to modulate the stiffness of
RNA:DNA hybrid nanostructures. Our results suggest
that supramolecular interactions between urea and the A-
form-like helix rigidify the hybrid polymers, as evidenced
by both solid-state nanopore measurements and atomic
force microscopy. Nanopore sensing reveals that prepar-
ing topologically-barcoded RNA:DNA hybrids in urea
results in a 50% reduction in folded translocations. This
decrease in folded events improves the proportion of use-
able data points, paving the way for the robust detection
of low-abundance RNA analytes at the single-molecule
level.

Introduction

DNA and RNA nanotechnology provides a versatile toolbox
for the programmable construction of nanoscale materi-
als. Through the predictable Watson–Crick–Franklin base
pairing interactions of nucleic acids, precise supramolecular
topologies can be engineered using simple and robust self-
assembly principles.[1] Extending beyond these base pairing
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interactions, small molecules may be leveraged to modulate
the material properties of nucleic acids:[2,3] the exploration
of these non-covalent chemical approaches broadens the
application space for DNA/RNA nanotechnology.

These recent advances in DNA/RNA nanotechnology,
paired with emerging single-molecule technologies,[4–7] open
the door to new biosensing techniques for the quantification
of low-abundance biological analytes. For example, the
detection of pathogenic RNA at early stages of infection can
be a key step in the safe administration of therapeutics.[8]

Although current gold standard methods like quantitative
polymerase chain reaction (qPCR) and RNA sequencing
require enzymatic amplification steps, single-molecule tech-
niques, in conjunction with DNA/RNA self-assembly, may be
used to directly report on individual RNA strands, eliminating
sequence biases and providing quantitative results.[9,10]

As a single-molecule technique, solid-state nanopore
sensing may be used to directly detect RNA and other
biomolecules,[11–14] with recent publications demonstrating
its use in identifying viral RNA,[10,15–17] probing RNA
conformations,[18–20] and detecting microRNAs,[21–23] among
other applications. In this sensing modality, a nanopore (here,
a quartz glass nanopore with a diameter of 5–10 nm) is
positioned between two reservoirs filled with an electrolyte
solution, and a voltage is applied, inducing a current. When
a charged analyte such as a nucleic acid is introduced to
one of the reservoirs, this molecule will be electrophoretically
driven through the nanopore according to its charge. During
translocation of the analyte, ions are displaced from within
the nanopore, causing a temporary change in the measured
current. The characteristics of the resulting current signal
provide information on the structure, conformation, and size
of the analyte.[12,24]

By combining the simple resistive pulse sensing principle
with the programmability afforded by DNA/RNA nanotech-
nology, it is possible to create distinctive, three-dimensional
“barcodes,”[25,26] each with a recognizable current signature
during nanopore translocation. Using previously established
self-assembly protocols, the barcode reshapes its target
sequence into an “RNA ID” for direct nanopore identifica-
tion even within complex mixtures of RNA sequences.[27]

In a solid-state nanopore experiment, less than 10
unfolded events is sufficient to reach barcode consensus.[28]

One major hurdle, however, is analyte folding during translo-
cation, which can obscure the barcode, rendering unambigu-
ous readout difficult.[29] To facilitate rapid readout with low
numbers of reads (which is crucial for low-abundance analytes
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Figure 1. Overview of nanopore detection of folded versus linear RNA molecules. a) RNA’s native secondary structure is disrupted via chemical
annealing with complementary DNA staples at 25 °C (t = 12 h) in the presence of 5 M urea (100 mM LiCl, 10 mM Tris-HCl, pH 7.5), resulting in the
linearized RNA ID. b) Analytes may enter the nanopore in a linear (“single-file”) manner, or folded. The hypothetical readout for the “101” RNA with
single-stranded tail is depicted. c) Real nanopore events showing the designed “101” barcode. Folds during translocation result in more complex
current-time trajectories, complicating readout. Note that the RNA is equally likely to enter from the 3′ or 5′ end, resulting in both types of events
shown. d) Event durations for folded “101” RNA IDs are on average ∼ 17% shorter, reflecting their conformation. e) Peak current values are also ∼
45% lower on average for folded species relative to linear ones. f) The mean current values for linear events are markedly more homogenous than for
folded events, which are, on average, 33% greater in magnitude, as folds result in deeper current blockades. The data in (d) and (e) are from a single
experiment and represent a total of 225 single-molecule events.

and also reduces time to result), it is imperative to reduce
folding such that target barcodes and their corresponding
nucleic acid sequences can be readily identified.

Solid-state nanopores allow various polymer arrange-
ments to be captured, as the translocation time is markedly
shorter than the relaxation time.[30] Initially, the polymer
diffuses randomly until the electric field of the nanopore
pulls the molecule inside. The large size of the nanopore
relative to the diameter of a double-stranded nucleic acid
allows for the detection of many conformations, including
folds[31] and knots.[32] A simple, “single-file” (or linear)
translocation of double-stranded DNA produces only a single
current blockade level, I, while folded molecules will produce
additional current levels with amplitudes of integer multiples
of 2I (Figure 1). Folds are primarily observed at the start of

the translocation event and can be distinguished based on
their current levels.[27,28] Knots, on the other hand, give rise to
sharp current blockages, characterized by their short duration
and higher order (3I or more) current blockades. Knots are
typically observed for very long (>10 kB), linearized, double-
stranded DNA molecules and are thus unlikely to be seen in
the experiments presented here.[26] By examining the number
of current levels in each single-molecule current-time trace,
it is thus possible to determine the tertiary structure of the
polymer.[33]

Many strategies have been explored to reduce nucleic acid
folding and knotting in solid-state nanopores. For example,
rigid DNA origami structures may be used to generate distinc-
tive current signatures,[34] though folding RNA into origami
structures remains challenging. It is also possible to forcibly
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stretch target molecules prior to translocation[15,35]—while
effective, this strategy requires a more complex experimental
setup. For glass nanopores, as employed here, folding may be
mitigated by reducing the pore diameter to promote single-
file translocation.[36] Unfortunately, smaller glass pores also
suffer from reduced capture rates,[36] extending the required
measurement time. Furthermore, a reduction of the pore
diameter increases the non-specific interactions between pore
and analyte, which can cause pore blockage.

Several other parameters may also be varied to modulate
nucleic acid folding, namely: 1) cation concentration/identity,
2) applied voltage, and 3) pore charge (governed by pH).[37]

In the measurements presented here, we have maximized the
negative charge of our glass nanopores by working at a pH
of ∼9.4. High pH engenders a negatively charged surface,
offering a repulsive force between the pore walls and the
negatively charged phosphate groups of RNA/DNA. We also
select Li+ as the cation, which has been shown to most
effectively slow the translocation of nucleic acids in solid-state
nanopores.[38] By slowing translocation, we increase the time
between the bits in our barcode, thus promoting the error-free
decoding of the embedded information. Although the manip-
ulation of other variables (cation concentration/voltage) may
increase the proportion of unfolded events, there are signif-
icant drawbacks for each. For example, lowering the cation
concentration from 4 M (as used here) to 1 M has been shown
to reduce folding but also increases the speed of translocation,
reducing the signal-to-noise ratio of the measurement.[37]

Lowering the voltage promotes the capture of linear species in
glass nanopores, but also lowers the event rate, meaning that
longer measurement times are required.[39] As such, there is
an ongoing need for simple, versatile methods to decrease
folding without perturbing the nanopore measurement itself.

Here, we report a non-covalent, chemical method to
modulate the folding rate of RNA:DNA hybrids observed
in glass nanopores without modifying any of the nanopore
measurement parameters. We find that by preparing our
DNA-barcoded RNA structures in the presence of a high
concentration of urea (5 M), folding is impeded even after
buffer exchange. Although there is no added urea in the
nanopore measurement itself, the duplexed RNA structures
appear to sequester this small molecule, altering the folding
behavior. Using atomic force microscopy (AFM), we find that
the persistence length of the RNA:DNA hybrids increases
when folded in urea, supporting our nanopore studies.

Results and Discussion

We first used commercially available RNA from the MS2
bacteriophage (3569 nt) and designed a DNA barcode (“101”,
Figure 1a) complementary to this sequence. Here, we employ
a simple binary scheme based on the site-specific hybridiza-
tion of DNA dumbbells, but note that higher-level encoding
has been demonstrated with other DNA nanostructures.[40]

Using these established methods, it is theoretically possible to
distinguish ∼ 510 unique RNA IDs via nanopore sensing.[41]

Each “1” bit of the barcode consists of six consecutive DNA
dumbbells, while the “0” bit is made of linear complement

strands (Figure S1). A 300-nt region at the RNA’s 3′-terminus
is left unhybridized: the resulting deep current blockade[42]

allows us to determine the direction of translocation through
the nanopore. For the “101” RNA ID, this tail does not
promote translocation in any particular direction (Figure S2).
To hybridize the complementary strands to the RNA, we
employed our recently reported isothermal chemical anneal-
ing protocol.[27] The RNA (20 nM) was incubated with its
complementary DNA strands (100 nM) at T = 25 °C for 12 h
in the presence of 100 mM LiCl and 5 M urea. The pH is held
constant at 7.5 using tris-HCl buffer (10 mM). We note here
that the RNA IDs can be formed under these conditions in as
little as 15 min—we have opted for a longer incubation period
to enable complete hybridization of all DNA complements, as
per our previous findings.[27]

After 12 h of incubation, the barcoded RNAs were
separated from excess staples using Amicon filtration and
exchanged into a urea-free buffer (10 mM tris-HCl, pH 8.0,
0.5 mM MgCl2). The concentrations of the resulting barcoded
species were measured by Nanodrop and the formation of
the barcodes was verified using agarose gel electrophoresis
(Figure S3). The gel results also show that the RNA:DNA
hybrid forms at the highest urea concentration tested—8 M.

Nanopore sensing was used to assess the translocation
of folded and unfolded events for the RNA barcodes
(Figure 1c–f). The characterization of the nanopores is shown
in Figure S4. The sample was diluted to ∼ 300 pM in
measurement buffer (10 mM tris-EDTA (1 x TE), 4 M LiCl,
pH 9.4, adjusted with LiOH) and introduced to the nanopore
chip. The current through the nanopore was recorded while
applying a voltage of 600 mV. From the resulting current-
time traces (Figure S5), single-molecule events were extracted
(Figure S6). The events were then examined, and the “101”
barcodes were identified. These “Q. 101” events were then
further divided into folded and linear categories based on the
number of current levels observed (examples in Figure 1c and
Figures S6 and S7).

Several event characteristics for each single-molecule
current-time trajectory were recorded, including the total
event duration, the peak event current (the minimum value
for each event), and the mean event current. The differences
in event duration (Figure 1d) are modest, and the peak
current value is primarily dictated by the 300-nt single-
stranded tail (Figure 1e). The mean current value differs
significantly for the linear versus folded species because linear
molecules have one dominant current level (the RNA:DNA
level, as shown in Figure 1c). Folded molecules, on the other
hand, exhibit several current levels with variable durations,
giving rise to a broad distribution of mean currents. The
mean current values thus provide a valuable metric for the
assessment of folding between differing sample preparation
methods (Figure 1f).

Next, a control sample was formed without the inclu-
sion of urea (barcode “1111”). The RNA (20 nM) was
heated with its complementary DNA strands (100 nM) to
T = 70 °C for 1 min, then cooled to T = 4 °C over
45 min in the presence of 100 mM LiCl at pH 7.5. Control
experiments were performed using thermal annealing, as
incubating the RNA with DNA complements at 25 °C
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Figure 2. Comparison of nanopore events for RNA IDs annealed in the presence or absence of 5 M urea. “101” RNA IDs were formed isothermally in
the presence of 5 M urea (T = 25 °C, t = 12 h), and “1111” RNA IDs formed via thermal annealing (70 to 4 °C over 45 min). Both samples were made
in 100 mM LiCl, 10 mM Tris-HCl, pH 7.5. a) Predicted nanopore current-time trajectories for the “101” and “1111” RNA IDs based on the DNA barcode
designs. b) Real nanopore events for the “101” and the “1111” RNA IDs. Example events are shown for both the linear and folded conformations. The
two barcodes were prepared separately, then mixed in equimolar proportions and measured simultaneously in the same nanopore. c) When urea is
employed in the folding procedure, the proportion of linear events increases from 34 (± 3)% to 65 (± 3)%. A total of 1000 single-molecule events
were measured for each of these experiments, which were performed in triplicate. The error bars represent the standard error. When urea is added to
the sample after thermal annealing (rightmost panel), 71 (± 3)% of events (total events N = 729) bearing the “101” barcode are linear. d) The
differences in the resulting translocations for the various annealing protocols are reflected in the mean current values for a single experiment,
wherein the “101” barcodes (N = 228 identified barcodes), formed in urea, exhibit homogeneous mean current values, whereas a larger variation is
observed when urea is not used (N = 58 identified barcodes). When urea is added after thermal annealing, (N = 205 identified barcodes), the
distribution of mean current values closely resembles the sample annealed directly in urea. The colored boxes denote the 25%–75% range, the
horizontal lines are the medians, the white squares are the means, and black points are outliers.

for 12 h without urea does not result in correctly formed
barcodes, as previously demonstrated.[27] Sample events for
the 1111 barcode (formed via thermal annealing) are provided
in the Supporting Information (Figure S8). To ensure no
variations in pore shape or size, the urea-annealed sample
(barcode “101”) and control sample (barcode “1111”) were
mixed in equimolar amounts in measurement buffer. This
combined sample was then introduced to the same nanopore
and measured simultaneously as described previously. The
first 50 consecutive nanopore translocation events for this
measurement are shown in Figure S9.

The predicted current versus time traces for the “101”
and “1111” barcodes are depicted in Figure 2a, while sample
events for both preparations are shown in Figure 2b. When
5 M urea is included in the annealing mixture (“101” barcode
sample), the percentage of linear events nearly doubles
relative to the thermally annealed sample, increasing from
34 (± 3)% to 65 (± 3)% (Figure 2c). The errors provided
are the standard errors across three measurements in three

different nanopores, to account for any differences in pore
shape/size. When the urea concentration is halved (2.5 M), the
proportion of linear translocation events remains above 60%
(Figure S10).

Although events were sorted into folded/linear categories
based on the number of current levels observed in each
single-molecule event, the differences in the translocation
characteristics are also exemplified by the mean current
values of each event as previously described (Figure 2d). The
sample prepared in 5 M urea exhibits uniform mean current
values, suggesting that the majority of events display a single
main current level representing the linear RNA:DNA duplex.
By contrast, the data is heterogeneous for the “1111” barcode
formed via thermal annealing, reflecting the multiple current
levels corresponding to folded events. Indeed, by comparing
Figure 2d with Figure 1f, it is apparent that the mean current
values for barcodes formed without urea closely resemble
those of the folded “101” barcodes. Scatter plots of mean
event current as a function of event duration can be found

Angew. Chem. Int. Ed. 2025, 64, e202508917 (4 of 8) © 2025 The Author(s). Angewandte Chemie International Edition published by Wiley-VCH GmbH
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in Figure S11. It is also important to note that the difference
we observe is not due to the barcodes themselves, as the
same increase in unfolded events with urea persisted when the
barcodes were swapped (Figure S12).

It is noteworthy that annealing the RNA barcode in the
presence of urea results in significant differences in nanopore
folding characteristics even after buffer exchange. We sought
to ensure that the differences we observed were due to
urea interacting directly with the RNA:DNA hybrid and
not simply due to more efficient duplexing in urea. To this
end, we conducted an experiment where urea was added
to the RNA:DNA duplex after an initial thermal annealing
procedure. The RNA (20 nM) was heated with its DNA
complements (100 nM) to 70 °C for 1 min, then cooled to
4 °C over 45 min in the presence of 100 mM LiCl at pH
7.5. The sample was then Amicon filtered to remove excess
staples (i.e., there is no possibility of “error correction”).
Next, we subjected this filtered sample to a 2 h incubation
in 5 M urea at T = 25 °C, then Amicon filtered a second
time. Nanopore sensing was then conducted as previously
described. Once again, a decrease in folded events was
observed with a corresponding decreased magnitude of the
mean current blockage (Figure 2c,d). This finding suggests
that the addition of urea, whether before or after sample
preparation, results in a greater proportion of unfolded events
without perturbing any other parameters in the nanopore
measurement. Interestingly, the results also imply that urea
is bound to the RNA ID even after Amicon buffer exchange.

Stacking and NH–π interactions between urea and aro-
matic protein residues are well documented.[43] These same
supramolecular forces between the nucleobases and urea
have been suggested using computational methods.[43–47] Typ-
ically assumed to be responsible for denaturation, we wonder
if these stacking and NH–π interactions can also, under
specific conditions, exist within the RNA:DNA helix, to make
the stack more rigid. Molecular dynamics have also revealed
that, at 17 °C, 6 M urea primarily denatures alternative RNA
configurations, favoring instead the formation of the A-form
helix.[48] It is also worth noting here that the supramolecular
interactions between small molecules and RNA are heavily
salt dependent.[49] For example, DNA origami structures
have been found to persist at room temperature in urea
concentrations as high as 6 M,[50] with stability increasing with
salt concentration.[51] The molecular underpinnings require
further study.

Although urea is typically thought of as a potent denat-
urant, there is still no consensus on the molecular origins
of its effects.[43–46,52] In fact, there are several reports of
nucleic acid secondary structures that persist in, and are
even stabilized by, high urea concentrations. For example,
short (8 nt) single-stranded DNA sequences containing only
two GC pairs have been reported to produce hairpins that
are stable even in 7 M urea.[53] G-quadruplexes (GQs) also
exhibit unusual behavior in high concentrations of urea, with
the melting temperature of single-base loop GQs actually
increasing with added urea.[54] Stabilization of the GQ in
molar concentrations of urea was found to be aided by
small, monovalent cations,[54] commensurate with the findings
here.

Figure 3. Atomic force microscopy of MS2 RNA duplexed with DNA
staples in the absence a) and presence b) of 5 M urea. Scale
bar = 400 nm. Persistence length histograms are fit with a log normal
distribution—the tangent vector autocorrelation fitting reveals the
difference in persistence length. Fitting parameters are detailed in
Section S7.

The number of folded events is nearly halved when urea
is employed in the barcode assembly, but the change in the
duration of nanopore events is not significant (Figure S13),
implying that the translocation velocity of the molecules is
similar with and without urea. Our finding is in agreement
with a previous report that showed that varying the persis-
tence length of nucleic acids does not measurably alter their
electrophoretic behavior within the nanopore.[55] The capture
rate and the noise are also unaffected by the urea, meaning
that the nanopore measurement proceeds as normal, albeit
with fewer folded events.

These features support the use of our methodology in
RNA sensing assays. To demonstrate the feasibility of our
chemical annealing protocol, we spiked MS2 RNA (10 nM)
into a background of total human RNA (100 nM). Using 5 M
urea and 50 nM of DNA staples, we formed the “101” barcode
on MS2 using our previously described conditions. The bar-
code is readily identified in 20% of the total single-molecule
events (Figure S14). Although the MS2 was initially only at
a ratio of 1:10 relative to the total RNA, it is likely enriched
due to degradation/self-cleavage of the single-stranded RNA
during room temperature incubation in 100 mM salt.[56,57]

To elucidate the origins of our observed changes in
nanopore folding behavior, we performed AFM (Figure 3).
AFM has previously been used to probe the persistence
length of nucleic acids under various conditions, including
in the presence of intercalating dyes,[58] groove-binding
fluorophores,[59] and DNA-binding drugs.[60] AFM has also
been used to directly examine the morphological changes
that lead to different folding behaviours in solid-state
nanopores.[61]

RNA:DNA hybrids were allowed to equilibrate on a
mica surface in the presence of Mg2+ prior to rinsing and
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drying. This procedure ensures their relaxed conformation
is measured.[62] Details of AFM imaging and analysis are
provided in Section S7 and Figure S15.[63,64] These exper-
iments revealed an increase in the persistence length of
∼ 40%, shifting from 55 (± 5) to 76 (± 6) nm when
duplexes were annealed using urea. Fitting was based on a 2D
worm-like chain model for equilibrated nucleic acid species
(Section S7).[62,65] The rigidity of RNA:DNA hybrids is known
to be dependent on salt concentration: a persistence length of
55 (± 5) nm for the thermally annealed (control) duplex is in
agreement with literature values considering the 100 mM Li+

used in annealing.[66]

The change in morphology with urea annealing is evident
in Figure 3 (with additional images in Figure S16). Mono-
intercalators, including ethidium bromide, chloroquine, and
acridine, have previously been shown using AFM to increase
the persistence length of DNA by 2–3 times.[58] The DNA
binding of some of these molecules, including ethidium
bromide, has been probed with nanopores, but of much
smaller diameters (∼3.5 nm), making folded conformations
highly unlikely.[67] Unlike ethidium bromide, urea does not
appear to change the contour length of the RNA:DNA
hybrid (Figure S17).[68] Groove binders, including the dye
SYBR Green I[69] and the antibiotic distamycin A[70] have
been shown by optical tweezing experiments to increase the
persistence length of nucleic acids without modifying the
contour length.[71] Although there is some experimental and
computational evidence that urea may interact with the major
and minor grooves of DNA,[72] the binding mechanism for
urea and the A-form-like RNA:DNA hybrid remains unclear.

A previous literature report interrogated the impact of
ionic liquids on the conformations of DNA in solid-state
nanopores and found that certain bulky organic cations can
reduce folding by increasing the DNA persistence length:[61]

our findings suggest that urea has a similar effect on
RNA:DNA hybrids. As previously mentioned, this may be
due to stacking/NH–π interactions between urea and the
nucleobases of the A-form-like RNA:DNA helix.

Urea clearly modulates the persistence length of
RNA:DNA hybrids based on our nanopore and AFM
experiments. We next sought to examine whether double-
stranded DNA was equally affected or whether urea interacts
preferentially with the RNA:DNA hybrid duplex. To test
this, we designed 3-bit barcodes for the M13 DNA sequence
(7249 nt) commonly employed in DNA nanotechnology
(Figure S18). As for the RNA experiments, we prepared two
different barcodes for the 5 M urea assembly (“011”) and
the control assembly (“001”), depicted in Figure S18. For the
DNA barcodes, each “1” bit was formed from 11 consecutive
dumbbells. A reference peak consisting of 12 dumbbells
(and thus creating a slightly deeper current blockade) was
also included to indicate directionality. After hybridization,
Amicon filtration, and buffer exchange, these two species
were mixed in a 1:1 stoichiometric ratio and introduced to a
single nanopore.

Owing to the lower persistence length of DNA:DNA
hybrids relative to RNA:DNA complements[66] as well as the
longer length of the DNA:DNA construct, a higher propor-
tion of folded events were observed across all conditions as

compared to the RNA:DNA hybrids. As shown in Figure S19,
whether the DNA:DNA assembly was conducted chemically
(with 5 M urea, 12 h at 25 °C) or thermally (0 M urea,
annealed thermally from 70 to 4 °C over 45 min) the amount
of folding remained constant (within the standard deviation
between three measurements in separate nanopores). No dif-
ference in the mean current values is observed (Figure S19).
Sample events are shown in Figures S20 and S21. The event
durations and peak currents were also constant across the two
different conditions (Figure S22). Furthermore, AFM did not
reveal an increase in the persistence length in the presence
of urea (Figures S23 and 24). These findings suggest that the
supramolecular interactions of urea may be specific to the A-
form-like helix in combination with the presence of RNA in
the duplex. Future studies will focus on understanding the
biophysical origins of these observations.

Conclusion

In conclusion, our AFM and nanopore data show that
urea impacts the persistence length of duplexed RNA in
previously unforeseen ways. Contrary to the conventional
wisdom that urea destabilizes nucleic acid duplexes, we
observe that introducing urea into the annealing mixture
actually produces duplexed RNA IDs in high yield. Moreover,
the use of urea proffers advantages for nanopore sensing by
decreasing the number of folded events. By increasing the
proportion of recognizable current signatures, the number of
total events required for reliable readout is lowered, enabling
the quantification of low abundance species. Follow-up studies
will be focused on understanding the mechanism of urea
complexation by RNA and its impacts on the mechanical
properties of nucleic acid duplexes, including the use of
single-molecule force experiments. The effects of other small
molecules, including intercalating dyes and aromatic drugs,
may also be investigated to probe the origins of the increased
persistence lengths we observe. By expanding the use of non-
covalent interactions, the translocation behaviors of polymers
through nanopores may be modulated, resulting in simpler
decoding with lower numbers of reads required to reach a
consensus. Although here we focused on glass nanopores,
it is possible that these methods could be extended to the
larger protein nanopores that have recently been reported.[73]

Beyond nanopore sensing, our study expands on the use
of inexpensive, small molecules to manipulate the material
properties of biopolymers, with applications in nanomaterials,
supramolecular assembly, and fundamental biochemistry.
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Bošković, U. F. Keyser, Nat. Commun. 2024, 15, 1699.

[27] C. M. Platnich, M. K. Earle, U. F. Keyser, J. Am. Chem. Soc.
2024, 146, 12919–12924.

[28] N. A. W. Bell, U. F. Keyser, Nat. Nanotechnol. 2016, 11, 645–651.
[29] Z. Roelen, K. Briggs, V. Tabard-Cossa, ACS Sens. 2023, 8, 2809–

2823.
[30] K. Chen, I. Jou, N. Ermann, M. Muthukumar, U. F. Keyser, N.

A. W. Bell, Nat. Phys. 2021, 17, 1043–1049.
[31] A. J. Storm, J. H. Chen, H. W. Zandbergen, C. Dekker, Phys.

Rev. E 2005, 71, 051903.
[32] C. Plesa, D. Verschueren, S. Pud, J. Van Der Torre, J. W.

Ruitenberg, M. J. Witteveen, M. P. Jonsson, A. Y. Grosberg, Y.
Rabin, C. Dekker, Nat. Nanotechnol. 2016, 11, 1093–1097.

[33] J. Li, M. Gershow, D. Stein, E. Brandin, J. A. Golovchenko, Nat.
Mater. 2003, 2, 611–615.

[34] M. Raveendran, A. J. Lee, R. Sharma, C. Wälti, P. Actis, Nat.
Commun. 2020, 11, 4384.

[35] K. Briggs, G. Madejski, M. Magill, K. Kastritis, H. W. de Haan,
J. L. McGrath, V. Tabard-Cossa, Nano Lett. 2018, 18, 660–
668.

[36] M. Wanunu, J. Sutin, B. McNally, A. Chow, A. Meller, Biophys.
J. 2008, 95, 4716–4725.

[37] N. Ermann, N. Hanikel, V. Wang, K. Chen, N. E. Weckman, U.
F. Keyser, J. Chem. Phys. 2018, 149, 163311.

[38] S. W. Kowalczyk, D. B. Wells, A. Aksimentiev, C. Dekker, Nano
Lett. 2012, 12, 1038–1044.

[39] A. Y. Grosberg, Y. Rabin, J. Chem. Phys. 2010, 133, 165102.
[40] J. Zhu, N. Ermann, K. Chen, U. F. Keyser, Small 2021, 17,

2100711.
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